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Abstract 

Aquatic ecosystems are expected to receive Ag0 and Ag2S nanoparticles (NPs) through 

anthropogenic waste streams. The speciation of silver in Ag-NPs affects their fate in ecosystems, 

but its influence on interactions with aquatic plants is still unclear. Here, the Ag speciation and 

distribution was measured in an aquatic plant, duckweed (Landoltia punctata), exposed to Ag0 or 

Ag2S NPs, or to AgNO3. The silver distribution in duckweed roots was visualized using 

synchrotron-based micro X-ray fluorescence (XRF) mapping and Ag speciation was determined 

using extended X-ray absorption fine structure (EXAFS) spectroscopy. Duckweed exposed to 

Ag2S-NPs or Ag0-NPs accumulated similar Ag concentrations despite an order of magnitude 

smaller dissolved Ag fraction measured in the exposure medium for Ag2S-NPs compared to Ag0-

NPs. By twenty-four hours after exposure, all three forms of silver had accumulated on and 

partially in the roots regardless of the form of Ag exposed to the plants. Once associated with 

duckweed tissue, Ag0-NPs had transformed primarily into silver sulfide and silver thiol species. 

This suggests that plant defenses were active within or at the root surface. The Ag2S-NPs 

remained as Ag2S, while AgNO3 exposure led to Ag0 and sulfur-associated Ag species in plant 

tissue. Thus regardless of initial speciation, Ag was readily available to duckweed.  
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1. Introduction 

 Engineered nanomaterials (ENMs) are a class of pollutants of emerging concern in 

aquatic ecosystems released either directly (e.g., wastewater effluent), or indirectly (e.g., through 

the erosion of land-applied biosolids).1-3 Silver nanoparticles (Ag0-NPs) are of particular concern 

as they are used as an antibiotic in many commercial nano-enabled products and have been well 

documented as toxic to aquatic4 and terrestrial organisms.5, 6 Understanding the environmental 

fate of these ENMs is needed to better characterize environmental exposures to Ag0-NPs. 

Considering pristine ENMs in natural systems is necessary but not sufficient, as they are subject 

to a complex range of transformations, which can influence their fate, mobility in soils, 

solubility, and bioavailability, as well as their toxicity.2, 3, 7-12 While Ag2S-NPs are much less 

soluble6, 13, 14 than metallic silver ENMs, transformations between Ag2S, Ag+ and Ag0, and 

formation of new Ag0-NPs can occur under environmentally relevant conditions.15, 16 In 

wastewater and land-applied biosolids, most of the Ag0-NPs and other nanoparticles (e.g., ZnO-

NPs), can be transformed into their less reactive metal sulfide equivalents (Ag2S-NPs, ZnS-NPs, 

etc.).17-20 In the case of silver, Ag2S can account for more than 90% of the Ag in the wastewater 

treatment plant biosolids.13, 20 In aquatic environments such as wetlands, the dissolution and 

precipitation dynamics of Ag0-NPs is highly complex,15 and the factors that influence ENM 

interactions with aquatic plants remain poorly characterized.21  

Plants play a central role in aquatic ecosystems, providing food, moderating flow 

regimes, and driving ecosystem biogeochemistry through oxygen production and removing 

excess nutrients; plants also are strongly involved in metal and ENM cycling.21-24 In aquatic 

plants, ENMs are expected to adsorb onto the surface as well as be taken up.25, 26 Although 
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smaller particles are generally more rapidly internalized by plants, many other factors may drive 

plant uptake of ENMs including ENM composition and exposure conditions.21, 25, 27, 28 While 

plants are known to take up both dissolved metals and nanoparticles, some evidence suggests 

dissolved metals may be taken up more readily.29 This then suggests that the solubility of a metal 

or metal oxide nanomaterial could greatly affect the dominant uptake pathway as well as the 

extent and rate of uptake. Thus highly soluble ENMs would be expected to dissolve and yield 

greater uptake and translocation than less soluble ENMs which might tend to attach to the 

outsides of the roots, or be taken up as intact nanoparticles as was observed in a terrestrial plant 

(alfalfa) exposed hydroponically to ionic Ag and to less soluble Ag-NP species.27  

The goal of the present study was to study the interaction of ENMs with aquatic plants in 

order to: a) determine the differences in uptake of Ag+, Ag0-NPs and Ag2S-NPs; and b) 

qualitatively elucidate and compare the route of uptake and speciation of these three silver forms 

as they were taken up into plant tissues by using synchrotron based X-ray techniques. We chose 

the aquatic plant Landoltia punctata to use as it is a member of group of small floating aquatic 

plants (“duckweeds”; also includes the genera Lemna and Spirodela) which are common model 

organisms for assessing the toxicity of contaminants,30 including Ag0-NPs31. Their small size, 

rapid growth rate, and propensity for accumulating large concentrations of metals also make 

them ideal for studies on the fate and transport of metal and metal oxide ENMs. Moreover, 

duckweeds are a promising tool for (ENM) phytoremediation.32, 33  
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2. Materials and Methods 

2.1 Synthesis 

  Polyvinylpyrrolidone (PVP) coated Ag0-NPs were synthesized based on a protocol of 

Yang and co-workers,34 and a part of these Ag0-NPs was oxidized and reacted with inorganic 

sulfide to form Ag2S-NPs as described by Reinsch and co-workers,35 and adapted elsewhere.27 In 

brief, 1.5g of PVP (1000 g/mol) was dissolved in 280 mL of deionized water before stirring in 9 

mL of 0.10M AgNO3 for five minutes. Under constant stirring, 11 mL of ice-cold 0.08M NaBH4 

was added, allowed to react for one hour, and washed as described below, resulting in the final 

stock suspension of Ag0-NPs.27 The Ag2S-NPs were synthesized from a second batch of Ag0-

NPs by adding 9 mL of 0.10 M Na2S into an aqueous suspension of Ag0-NPs bubbled with 

aquarium air pumps (AP 200, Tetratec, China) to provide dissolved oxygen, and allowed to react 

for one week before washing. Both NP suspensions were washed three times using 

ultracentrifugation (50,000×g for 30 min) and resuspension in deionized water using a sonicating 

probe (Sonic Dismembrator Model 550, Fisher Scientific, USA, power level 3, 1 min). Washed 

suspensions were stored at 4 ºC until use.  

2.2 Characterization 

  Two batches of each type of NP (Ag0 and Ag2S) were synthesized as described above 

(once for each exposure corresponding to the synchrotron schedule). The first batch of washed 

Ag0-NPs and Ag2S-NPs was characterized in detail by Transmission Electron Microscopy 

(TEM), X-ray diffraction (XRD), and dynamic light scattering (DLS). The second batch was 

analyzed by DLS to confirm similarity between batches. The crystalline phase was verified by 

XRD of an air-dried sample using an X-Radia XRD (X’Pert Pro MPD X-ray diffractometer with 
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a Cu X-ray source). The XRD spectra were background-subtracted and peak-matched using 

X’pert Highscore Plus software. The morphology and diameter of the unfiltered NPs were 

determined by TEM imaging of samples dried on Formvar coated copper grids using a TECNAI 

G2 Twin (FEI, Hillsboro OR, USA). The hydrodynamic diameter and zeta potential, calculated 

using the Smoluchowski equation, of a 20µm filtered NP suspension was determined in 10 ppm 

Ag0-NP suspension in the duckweed growth medium (half strength Hutner’s solution) using an 

ALV/CGS-3 (ALV, Germany) and a Zetasizer Nano ZS (Malvern, UK), for the first and second 

batches, respectively. The hydrodynamic diameter was measured at t=0 h and again after 48 h in 

the growth chamber exposed to cool fluorescent light (see below) to assess the stability of the 

NPs against aggregation in the growth medium under the conditions of the exposure. Finally, the 

soluble fraction of silver was determined in the suspensions after 48 h in half strength Hutner’s 

medium using a 3 kDa centrifuge filter to separate the particles from the dissolved species. 

2.3 Exposure of Duckweed to Ag0 and Ag2S Nanoparticles 

 Two batches of semi-sterile cultures of duckweed (L. puctata) were stabilized in half 

strength Hutner’s medium and exposed to the NPs using a method adapted from Brain and co-

workers 2007,36 one for the XRF mapping and another for the EXAFS analysis. Twenty 

specimens of L. punctata, each containing three developed fronds (a mother and two 1st-

generation daughter fronds) were exposed in 25 mL plastic Petri dishes (Supporting Information 

[SI], Figure S1). To prepare the exposure medium, suspensions of Ag0-NPs, Ag2S-NPs or 

AgNO3 were added to 20 mL of growth medium to achieve 10 ppm total silver concentration. 

This concentration is much higher than likely environmental exposures, but was necessary to 

provide sufficient signal for both XRF mapping and EXAFS analysis. Dishes were placed in a 
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reflective aluminum tray and covered with another aluminum tray which had holes cut for the 

two cool fluorescent lights placed approximately 15 cm from the duckweed (Figure S1). The 

cultures were harvested 24 h after exposure, and immediately rinsed by agitating and transferring 

the cultures in two consecutive Petri dishes containing DI water using a sterile fork. This 

washing step served to remove any loosely bound particles and any ionic silver associated with 

the exposure medium. The silver remaining in the duckweed tissue after this washing step is 

termed sorbed (including ad- and absorption; no differentiation between adhered and internalized 

Ag was made). Several specimens were collected after 24 and 60 h of exposure, and prepared by 

sealing fresh plant tissue immersed in water inside plastic sample holders sealed within Kapton 

tape. Due to the water tight sealing, the samples remained hydrated during the XRF mapping. 

Additional tissue samples were immediately frozen in liquid nitrogen and lyophilized for X-ray 

absorption spectroscopy (XAS) analysis to determine Ag speciation, and a portion was digested 

in concentrated nitric acid for 24 h on an end-over-end rotator and was then used for total Ag 

analysis by ICP-MS after dilution with DI water to 5% nitric acid and analyzed (n=1) using a 5-

point single element (Ag) calibration standard. The exposure medium was also collected and 

analyzed (n=2) for total silver to determine the fraction of added silver that was associated with 

the plant tissues and to calculate a mass balance (75-90%) for silver. 

2.4 Silver Speciation 

 The Ag speciation in the freeze-dried duckweed was investigated by pressing the tissue 

into pellets and subsequent Ag K-edge XAS analysis. Extended X-ray absorption fine structure 

(EXAFS) spectra were collected on beamline 11-2 at Stanford Synchrotron Radiation 

Lightsource (SSRL). The Si(111) crystal monochromator was calibrated by setting the first 
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inflection of the Ag K-edge of the Ag reference foil to 25,514 eV. The monochromator was 

detuned to 75% of its maximum to reduce harmonics and the spectra for the exposed duckweed 

samples were collected in fluorescence mode using a 100-element solid state Ge detector. To 

ensure an optimal energy calibration, the spectrum of the reference Ag foil was simultaneously 

collected in transmission mode between ion chambers filled with Ar. Each sample was scanned 

3-5 times (300-500 individual spectra) to maxize data quality. 

 All spectra were averaged and analyzed using the Athena software package.37 

Background was corrected and the E0 set to 25,534 eV. The sample spectra were fitted by linear 

combination fitting (LCF) of averaged k3- weighted EXAFS spectra. The EXAFS data was fitted 

over k = 2-9.5 Å-1 using a variety of Ag model compounds.35 A complete list of the model 

compounds used is presented in Table S1 (SI). The fits were not constrained to 100% and 

utilized the cycle-fit method: finding the best 1-component fit, and adding another component if 

the R-factor is decreased by 10% through addition of that compound. The R-factor is a goodness-

of-fit parameter and lower values indicate better fits; although this parameter depends on the 

fitting range, a 10% decrease is used to indicate a significant improvement to the fit because 

principal component analysis (PCA) and target transform (TT) were not possible due to the low 

number of samples.  

2.5 Silver Distribution 

 To spatially resolve the silver in the duckweed plant tissue, synchrotron XRF microprobe 

mapping was conducted on the IDE-13 beamline at the synchrotron-radiation light source 

research facility Advanced Photon Source (APS, Argonne IL, United States). An incident beam 

with an excitation energy of 28,000 eV was used to maximize the silver K-edge fluorescence 
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signal. This produced a 2.5x2.5 μm beam which was scanned across the root tip with a 2 μm step 

size and 20 ms dwell time. A 4-element vortex silicon drift detector was placed normal to the 

incident beam with the sample mounted in the 45-degree geometry. Signals from Ag and Zn 

were calibrated using standards and integrated from the multiple channel analysis by fitting the 

K-edge fluorescence peaks. The signals from each element were normalized with I0 to produce 

element specific maps. Silver specific maps were obtained using the Ag K-α emission line 

(22,163 eV) and processed with the X-ray Data Browser software provided by the APS. Zinc 

specific maps are shown in the Figure S2 in the SI. 

3. Results and Discussion 

3.1 Characterization 

 The NP characterization including the hydrodynamic diameters and the zeta potential 

measured in the half strength Hutner’s growth medium, the TEM diameters, and the XRD 

analysis are provided in Table 1. The crystalline phases identified by XRD were body-centered 

cubic metallic silver in the Ag0-NP and acanthite (Ag2S) in the Ag2S-NP, suggesting that 

complete sulfidation had been achieved with the sulfidation method used. The particles were 

spheroidal, with primary particle sizes determined by TEM of 6.3 and 7.8 nm for the Ag0-NPs 

and Ag2S-NPs, respectively (SI Figure S3). The number-averaged hydrodynamic diameter of the 

freshly prepared and 0.2μm filtered Ag0-NP and Ag2S-NP in half strength Hutner’s media 

determined by DLS was found to be 13.4±2.9 and 17.9±2.4 nm for the respectively. The 

hydrodynamic diameter determined in half strength Hutner’s medium is larger than the TEM 

diameter, likely due to the presence of an electron transparent PVP coating invisible in TEM but 

affecting the diffusion coefficient and hence hydrodynamic diameter, and potentially also due to 
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aggregation. However, the particle size was found to be relatively constant after two days in the 

growth medium 14.4±4.0 and 20.3±0.6nm for the Ag0-NPs and Ag2S-NPs, respectively. An 

example of the size distribution and autocorrelation function are provided in Figure S4 (SI). 

Because ion uptake is known to be a major pathway of metal uptake, the solubility of the NPs is 

expected to influence the uptake of silver. The soluble fraction of silver after two days in half 

strength Hutner’s medium was 0.53 and 0.06 ppm soluble silver for the 10 ppm suspension of 

Ag0-NPs and Ag2S-NPs, respectively. This is consistent with expectations and previous finding 

showing that Ag2S is the less soluble form of the silver NPs.27, 38-40 The three treatments 

(AgNO3, Ag0, Ag2S) spanned four orders of magnitude of soluble silver which will highlight the 

differences between ion and NP uptake into the plants. 

 

3.2 Silver Concentrations in Tissue 

 The total silver concentrations sorbed to the bulk lyophilized duckweed tissue exposed to 

Ag2S-NPs, Ag0-NPs, or AgNO3 were measured after 24 h. The total silver includes both silver 

attached onto the exterior (adsorbed Ag) of the plants and internalized silver (absorbed Ag). The 

silver concentrations that accumulated in the duckweed exposed to Ag2S-NPs and Ag0-NPs were 

similar, 372±6 and 389±3 ppm Ag respectively (dry weight). The plants exposed to AgNO3 

contained nearly twice the silver concentration (685 ±6 ppm Ag) as the NP-exposed samples. 

Clearly, the Ag ions were more readily (almost two times more) accessible than the particulate 

forms of Ag. However, the silver concentrations in duckweed exposed to Ag0- and Ag2S-NPs did 

not follow the trends in the measured dissolved silver fractions: they contained similar 
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concentrations of silver despite the almost 10 times more dissolved silver with the Ag0-NPs 

compared to Ag2S-NPs (Table 1). Two possible processes, which likely occurred in combination, 

can explain these observations.  Similar concentrations would result if particle attachment and/or 

direct NP uptake were the primary mode of NP interaction with duckweed roots, rather than 

uptake of Ag+ ions or other dissolved Ag forms.  However, these are dynamic systems affected 

by all of the NP behaviors (attachment, uptake, and dissolution) and the plant’s response. Thus, 

the combination of oxidative dissolution of Ag0-NPs and subsequent uptake/toxicity of Ag+, and 

NP attachment, could have coincidentally resulted in similar Ag content in the plant roots. These 

two explanations are explored further using XRF mapping to look at the distribution of Ag in the 

plant roots as discussed later in the paper.  

In all cases, only 1-2 % of the total silver added was sorbed to the plant tissue. The 

majority of the silver remained in the exposure medium given the low plant mass to medium 

volume used (20 duckweed plants in 25 mL, similar to a natural population of duckweed in a 

pond). While other studies have shown that duckweed can remove >60% of total Zn and Cu 

within two days, the total biomass-to-metal ratio was much higher in those studies,33 and in 

outdoor mesocosm experiments containing more environmentally relevant populations of 

duckweed, the percentage of total Ag accumulating in aquatic plants was much lower (0.2%). 

The total Ag recovery in the experimental system (including plant tissue, exposure media, and an 

aqua regia wash of the exposure vessel) was 75-90% (data not shown). A bioconcentration factor 

(BCF) for the one day exposure to 10 ppm Ag was estimated by dividing the wet weight 

concentration by the exposure concentration, assuming 95% water weight for duckweed.41 The 
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BCF was ~3 for AgNO3, and ~2 for the NPs (based on wet weight), suggesting that duckweed 

concentrates and accumulates silver in its tissue. 

3.3 Silver Distribution 

 The silver Kα XRF maps of hydrated root tips exposed to AgNO3, Ag0-NPs and Ag2S-

NPs demonstrate clear differences in the distribution of Ag for each type of Ag used (Figure 1). 

Note that each image is color-scaled internally using the highest Ag counts in the image.  The 

scale is affected by both total Ag concentration and its distribution so direct comparisons of Ag 

concentration between images based on intensities cannot be made. The maximum Ag count 

used to calibrate each image is provided in Table S2 (SI). Note that very little silver was detected 

in the initial Ag specific maps for the fronds compared to the roots (SI Figure S5). This conflicts 

with other reports of metal uptake by duckweed where most of the metal uptake was found to 

occur in the fronds. The difference in Ag uptake behavior may be a result of the different species 

being investigated: Here we are looking at uptake by L. punctata, which is known to uptake 

metals through the roots.42, 43 The other studies showing uptake primarily by the fronds used 

Spirodela polyrhiza, Lemna gibba and Lemna minor.44-46 Given the absence of metal in the 

fronds of L. punctata, the mapping focused mainly on the silver-rich root tips.  

After 24 h of exposure to AgNO3, the silver was distributed throughout the root tip and 

showed highest concentrations near the apical meristem (Figure 1). The root cap is visible as a 

blue shadow around the root tip, indicating that it has adsorbed a relatively small portion of 

silver. This Ag distribution pattern suggests Ag+ ions are able to migrate into the active zone of 

root tip and do not appear to be restricted by the root cap. For both types of investigated Ag-NPs, 

the attachment onto the root surface was expected to be similar given their similar size, zeta 
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potential, and PVP coating (Table 1). However, the Ag maps in Figure 1 show that the uptake 

behavior was different. The root tip exposed to Ag0-NPs for 24h shows a similar distribution of 

Ag as the AgNO3-exposed samples, suggesting that at least a portion of the NPs dissolve prior to 

entering the root tip. Additionally, there are hotspots of Ag located at the tip of the root cap, 

suggesting attachment of a solid silver phase, likely Ag0-NPs. The primary route of Ag0-NP 

uptake into these plant roots appears to be through attachment onto the root surface (root cap), 

dissolution assisted by the acidic local environment in root cap mucilage, and internalization 

(and possibly re-precipitation) of dissolved silver. Direct uptake of pristine or sulfidized Ag-NPs 

is likely occurring in parallel (see discussion of the EXAFS results below). In contrast to Ag0-

NPs, the root tip exposed to Ag2S-NPs shows a hotspot of silver located at the end of the root cap 

suggesting the silver was not readily internalized. The root cap is visible, indicating the presence 

of a low Ag concentration throughout the cap, but the absence of silver in the apical meristem 

shows that little dissolved silver internalized after one day. Due to the small fraction of dissolved 

Ag, and in view of the EXAFS speciation results discussed below, the primary route of uptake of 

Ag2S-NPs appears to be attachment onto the root surface, and direct NP migration into the plant 

tissue.  

After 60 h of exposure to AgNO3, the root tip shows many small Ag hotspots throughout 

the root tip primarily located near the apical meristem (Figure 1). It is important to note that 

these are different root samples than the 24 h images and not a progression from the previous 

images. The duckweed exposed to ionic silver for 60 h was visually lighter (turning white) than 

the plants of the other treatments, suggesting this level of ionic silver exposure was toxic to the 

duckweed. Since the reduction, precipitation and sequestration of metals in plant roots are 



Reprinted with minor corrections with permission from Environmental Science & Technology. Available online on 
http://pubs.acs.org/doi/abs/10.1021/acs.est.6b06491. Copyright 2017 American Chemical Society.  

 
14

common responses to high doses of dissolved metals, and in agreement with the EXAFS results 

below, these Ag hotspots are likely biogenic silver NPs being sequestered in the plant tissue.47, 48 

In contrast, the plants exposed to Ag0-NPs or Ag2S-NPs showed no signs of toxicity.  The root 

tip exposed to Ag0-NPs for 60 h appears similar to the 24h exposed with silver primarily located 

at the apical meristem and the presence of discrete Ag hotspots adhered to the root cap. Again, 

this is indicative of NP attachment onto the root surface as well as ionic uptake into the active 

region of the root tip. The silver sorbed to the root tip exposed to Ag2S-NPs for 60 h was mostly 

located near the apical meristem and the early vasculature region. The granular silver distribution 

suggests limited NP dissolution, or Ag+ uptake and subsequent re-precipitation. This is in 

agreement with recent findings in different plants showing that an Ag+ fraction from Ag2S-NPs 

is bioavailable.6, 27 Given the limitations of two-dimensional maps of three-dimensional roots, 

these maps cannot prove NP internalization, but the distribution patterns in Figure 1 strongly 

suggest that the metals from the NPs are not merely attached onto the surface, but have also 

entered the vascular system. Metal uptake XRF maps for plants have previously been modeled 

and correlated to specific metal distribution in the plant vasculature (e.g. adhered to outside of 

root vs. internalized into the vasculature). The pattern in our images is consistent with metal 

uptake into the plant vasculature.49 

3.4 Silver Speciation  

Normalized EXAFS spectra and their corresponding fits of the three treatments (AgNO3, 

Ag0-NPs, and Ag2S-NPs) show clear differences in the Ag absorption spectra (Figure 2 and 

Table 2). While it is common for Ag EXAFS fits to exceed 100%,50, 51 we did not force the sums 

to equal 100% as is often done6, 38, 52 to preserve the integrity of the fits. All sample spectra fit to 
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combinations slightly above 100% of the model compounds, which may be a result of the 

background removal and normalization procedures. Here, the phases and relative amplitudes for 

each fit match well suggesting that the correct Ag species are identified.  

The silver associated with the duckweed tissue exposed to ionic silver was found to be 

primarily (78%) zero-valent. The EXAFS spectrum from this sample is characteristic for metallic 

silver particles with strong Ag-Ag scattering giving rise to large oscillations at k > 7 Å-1. 20, 35 

The presence of metallic Ag could be from the plants native ability to reduce Ag ions to metallic 

Ag53. Metallic silver NPs may have also formed under visible light during the incubation period 

of the duckweed with the AgNO3, as has been previously reported.15, 16 However, it cannot be 

ruled out that metallic Ag formed from the photo-reduction of silver ions or amorphous Ag-S 

phases in the X-ray beam. For photo-reduction, the existence of metallic silver particles may 

therefore indicate the presence of silver ions or amorphous Ag-S phases. The larger fraction of 

metallic Ag in the AgNO3 exposed plants compared to the AgNP exposed plants indicates that 

there was a greater fraction of photo-reducible Ag for AgNO3. The uniformity of the silver 

distribution in the root tip compared to the Ag0-NPs exposed tips, and the lack of Ag hotspots at 

the root tip suggest that the predominant bioavailable form of silver in the solution exposed to 

the duckweed was dissolved Ag rather than nanoparticulate. The remaining silver in the silver 

nitrate exposed roots was sulfur-associated with silver sulfide yielding the best fit. However, it is 

also likely that thiolated Ag species were present given a known defense mechanisms of plants 

against oxidative stress via metal toxicity involves thiol production, such as glutathione.25, 55 The 

Ag-thiol signal may have also been present but was less than 10% of the total silver or was 

masked by the presence of the large oscillations of the Ag0 signal (SI, Figure S6).   
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In contrast to AgNO3, the majority of the silver from the Ag0-NP treatment was consistent 

with sulfur bound Ag, namely a mixture of Ag2S (64%) and Ag-thiol (53%). Metallic Ag was 

also present (16%), due either to direct attachment/uptake of NPs onto/into the duckweed, to 

oxidation of Ag0 coupled with uptake and in-vivo reduction of dissolved silver, or photo-

reduction of available photo-reducible Ag. The differences in speciation between the AgNO3 and 

Ag0-NP treatments suggest that the form of Ag entering the plant is different, or that the 

duckweed may respond differently to the presence of dissolved Ag than to Ag0-NPs. We 

hypothesize that in the AgNO3 exposure, acute toxicity (noted from the whitening of the fronds) 

may have overwhelmed the plant’s ability to combat the presence of Ag, while in the Ag0-NP 

exposure, the plants can respond with glutathione and other sulfide-based defenses against Ag+ 

toxicity.  

Based on the bulk EXAFS, silver from the Ag2S-NP treatment remained as silver sulfide, 

which suggests that the plant was not able to dissolve or transform a significant amount of the 

Ag2S-NPs after 24 h. This is expected for the majority of Ag2S, given its high chemical stability 

and low fraction of dissolved silver (Table 1).  

4. Implications 

The findings of this study have a number of important implications regarding the 

interactions between metallic NPs and the aquatic plants that are essential to ecosystem function. 

For hydroponic exposures used here, which is a relevant exposure scenario for floating and 

submerged aquatic plants, metallic NPs interact with aquatic plants differently than ions of the 

same metal. As expected, ions are more readily internalized than NPs. Moreover, the distribution 
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of Ag in duckweed exposed to ion and to NPs was different, and related to the properties of the 

nanoparticles (i.e. dissolution rate). This in turn led to differences in metal speciation in the roots 

after 24 h of exposure. Exposure to ionic Ag led to more reducible Ag species within the plant 

roots (either reduced by the plant of by the X-ray beam), whereas exposure to nanoparticulate Ag 

led to a higher prevalence of sulfur associated Ag species. These differences in Ag speciation 

may subsequently affect the health of the plants, and their ability to respond to other chemical 

insults. Future work should assess differences in toxicity afforded by these forms of Ag. 

This study also indicates that nanoparticulate phases of metals readily attach to, and are 

available to aquatic plants. Silver, even in the poorly soluble Ag2S species, readily attached to 

the duckweed roots. Silver attachment was more influenced by the particle properties (size, 

charge, and coating were the same for both the Ag0-NPs and the Ag2S-NPs) than by the 

solubility. Adhered particles are then taken up to some degree into the plant root vasculature, 

either after being solubilized or as particles. Although comparable amounts of silver were 

associated with roots for both the Ag0-NPs and the Ag2S-NPs, the amount and rate of uptake will 

depend on the speciation. In view of the low solubility of Ag2S-NPs, this finding suggests that 

particle uptake is occurring to some extent, and is consistent with other reports of uptake of NPs 

by duckweed species.45, 56, 57  Overall, this confirms that NPs can be internalized into the plant 

tissue even if they are not releasing a large fraction of ions.  

The use of duckweed for phytoremediation of metals has been proposed.33 The present 

results are indeed promising and show that even at high metal concentrations, duckweed can 

rapidly accumulate concentrations of Ag NPs at least two-fold higher than environmental 

concentrations in both ionic and particulate form. To further evaluate the phytoremediation 
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potential of duckweed to remove metal and metal oxide NPs, follow-up studies should focus on 

quantification of the attachment strength and  attachment and internalization rates of NPs to 

duckweed using higher spatial resolution (nano-scale) techniques. 
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Figure Captions 

Figure 1. Silver Kα XRF maps of fresh duckweed root tips exposed to AgNO3, Ag0-NPs and 

Ag2S-NPs for 24 and 60 h. 

Figure 2. Experiential (black) and linear combination fitted (red) Ag K-edge EXAFS spectra 

from lyophilized duckweed tissue exposed to AgNO3 (top), Ag0-NPs (middle) or Ag2S-NPs 

(bottom). For clarity, the spectra were plotted with an offset of 5 arbitrary units. 
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Figures  

 

Figure 1. Silver Kα XRF maps of fresh duckweed root tips exposed to AgNO3, Ag0-NPs and 

Ag2S-NPs for 24 and 60 h. 
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Figure 2. Experiential (black) and linear combination fitted (red) averaged Ag K-edge 

EXAFS spectra (n=3-5) from lyophilized duckweed tissue exposed to AgNO3 (top), Ag0-

NPs (middle) or Ag2S-NPs (bottom). For clarity, the spectra were plotted with an offset 

of 5 arbitrary units. 
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Table  

 

Table 1. Characterization of freshly prepared Ag0 and Ag2S nanoparticles by transmission 

electron microscopy (TEM) and X-ray diffraction (XRD), and particle properties after 

suspension in half strength Hutner’s medium (hydrodynamic diameter, zeta potential, dissolved 

Ag). The soluble silver was the fraction of silver in medium without plants than passed a 3 kDa 

filter after two days.  

  

Hydrodynamic Diameter 
(nm)c 

Zeta 
Potential 

(mV) 

Dissolved Ag 
(ppm) 

TEM size 
(nm)a,b 

XRD 
Phasea 

Medium ½ Hutner’s ½ Hutner’s ½ Hutner’s ½ Hutner’s     

Exp. 
Time 

0 d 2 d 0 d 2 d - - 

Ag0-NP 13.4±2.9 14.0±4.0 -11.5±4.8 0.53 6.3±6.2 
Silver 
Metal 

Ag2S-NP 17.9±2.4 20.3±0.6 -10.2±3.8 0.06 7.8±2.2 Acanthite 
aData were reproduced from Stegemeier and co-workers 201527 where the same NPs were 
used. bMean plus/minus standard deviation. cNumber-weighted (primary peak >99% of total 
number) averaged particle size distribution ± peak width from samples filtered with 0.2 μm 
cellulose filter.  
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Table 2. EXAFS linear combination fitting results (fit over k of 2-9.5 Å-1). 

  

 

 

Treatment Ag
0

Ag2S Ag-Thiol Sum R factor

AgNO3 78% 39% 116% 0.035

Ag
0
-NP 16% 64% 53% 132% 0.032

Ag2S-NP 127% 127% 0.069

EXAFS Fitting Results


